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A B S T R A C T   
Cell-to-cell communication is crucial in coordinating diverse biological processes in multicellular organisms. In 
plants, communication between adjacent cells occurs via nanotubular passages called plasmodesmata (PD). The 
PD passage is composed of an appressed endoplasmic reticulum (ER) internally, and plasma membrane (PM) 
externally, that traverses the cell wall, and associates with the actin-cytoskeleton. The coordination of the ER, PM 
and cytoskeleton plays a potential role in maintaining the architecture and conductivity of PD. Many data suggest 
that PD-associated proteins can serve as tethers that connect these structures in a functional PD, to regulate cell- 
to-cell communication. In this review, we summarize the organization and regulation of PD activity via tethering 
proteins, and discuss the importance of PD-mediated cell-to-cell communication in plant development and de-
fense against environmental stress.   
1. Introduction 
Cell-to-cell communication is the interactive exchange of informa-
tion between neighboring cells, which is fundamental in maintaining 
cellular homeostasis in multicellular organisms and contributes to 
diverse aspects of developmental processes and responses to environ-
mental stresses [1,2]. Plants have evolved plant-specific cell-to-cell 
communication via nanosized channels between two adjacent cells, 
called plasmodesmata (PD). PD are embedded in the cell wall and 
connect the cytoplasm and endoplasmic reticulum (ER) of adjacent cells 
[3]. PD-mediated cell-to-cell communication and dynamics of PD pores 
facilitate the transport of mobile molecules, such as small RNAs, tran-
scriptional factors, and viruses, among others [4–7]. 
Structurally, PD are cylindrical, membrane-lined tunnels with a 
diameter of 30–50 nm, which are classified into two types, primary and 
secondary PD [8]. Primary PD are established during cytokinesis in the 
newly forming cell wall or cell plate, and secondary PD form in cell walls 
of non-dividing cells during or after cytokinesis [9]. The PD formation is 
a highly orchestrated process, which requires the participation of 
various intracellular organelles [10,11]. During cytokinesis, the ER is 
positioned across the developing cell plate, and the initial matrix of cell 
wall and plasma membrane (PM) fuse into the vicinity of the ER for PD 
initiation. Then, the ER is appressed, forming the central axial structure 
of primary PD, called a desmotubule [12]. The membrane portion of PD 
is a continuous extension of the PM, and is enriched in sterols and very 
long chain saturated fatty acids sphingolipids [13]. During cell plate 
expansion, the ER membrane and PM separate, leaving an intermem-
brane gap filled with cytoplasm, the so-called cytosolic sleeve [14,15]. 
Actin filaments, possibly located within the cytosolic sleeve, participate 
in maintaining the structural integrity of PD [16,17](Fig. 1A). 
Eukaryotic cells contain subcellular compartments with unique 
functions. Non-vesicular inter-organellar communication is possible at 
specific contact-sites where close apposition of the membranes of two 
organelles is established via specialized tethering proteins [18,19]. Such 
contact sites are currently emerging as important for lipid transfer, Ca2+
homeostasis, signal transduction, and molecule exchange [7,18,20,21]. 
For example, the ER has an expansive membrane network that works 
closely with multiple organelles, such as the Golgi apparatus, ribosomes, 
endosomes, mitochondria, and particularly with the PM for protein 
secretion [22–26]. The close apposition of specialized domains of ER 
and PM are tethered by spoke-like filamentous structures in the PD, 
which allows defining them as a plant-specific subtype of ER–PM contact 
sites [15,27]. Based on the current observation, ER–PM contact sites 
probably participate in PD initiation, differentiation, and conductivity 
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regulation [27,28]. In this review, the recent findings on 
inter-organellar communication during PD development and regulation 
are summarized. 
2. ER-PM contact sites determine PD morphology 
The ER is the major source of biosynthesis of PM-associated proteins 
and a variety of lipids. Additionally, it is as an important intracellular 
store of Ca2+ that is used in a wide variety of signaling events. Therefore, 
the direct association between the ER and other membrane compart-
ments, such as the contacts between ER and PM, is of great importance 
for cell signaling, organelle morphology and ER function [28–30]. Such 
contact sites require tethering structures to keep the two membranes 
closely together, facilitating the location of specialized proteins and 
signal exchange [31]. PD comprise two types of membrane systems: the 
plasma membrane, which lines the PD pore; and the ER membrane, 
which is tightly constricted into a rod-like structure [32–34]. These two 
membranes work closely together, with distances varying from very 
tight contacts to 10 nm intermembrane gaps [15]. Due to the presence of 
tethers that keep ER and PM specialized domains in close apposition, PD 
are accordingly grouped into two morphotypes: type I PD that display a 
very tight connection between ER and PM; and type II PD that display a 
typical PD structure with obvious intermembrane gaps, and appear 
usually in the thicker, presumably older cell walls [15]. PD structural 
plasticity was recently re-established by electron tomography and the 
researchers proposed that ER-PM contacts occur already at the onset of 
PD biogenesis, which might be correlated with type I PD formation [15]. 
In type II PD, tether-like structures connecting the compressed ER and 
the PM are visible. The tether length might be correlated with the 
opening of the cytosolic sleeve and the aperture of PD [15]. Thus, ER-PM 
contacts probably promote the transition between these two PD types 
and are of great importance in information exchange and intercellular 
communication between adjacent cells. 
The PD structure can be modulated to adjust symplastic transport 
efficiency, which may be caused by the regulation of ER–PM contact 
spacing [35–37]. For example, the increase in turgor pressure that oc-
curs during cell growth leads to a reduction in PD permeability [38,39]. 
A novel mathematical model of pressure-controlled PD permeability 
showed that PD conductivity is strongly influenced by pressure-induced 
movement of the ER–desmotubule complex and the filamentous proteins 
that tether the ER and PM [40]. 
The participation of ER–PM contact sites in Ca2+ dynamics, lipid 
Fig. 1. Plasmodesmata-associated proteins might serve as tethers to participate in the communications between subcellular compartments and organelles 
at PD. (A) Schematic model of PD structure. PD originate from specialized endoplasmic reticulum (ER)–plasma membrane (PM) contacts that are encased by the PM, 
traverse the cell wall, and are associated with actin filaments. (B) VAP27 and SYT1 are two tethering proteins involved in ER–PM contact. Both interact with 
RTNLB3/6 and are involved in remodeling the cortical ER into desmotubules. (C) MCTPs may serve as filamentous proteins to tether ER and PM. MCTPs insert into 
the ER membrane via transmembrane regions (TMR) and into the PM via four C2 domains (C2A, C2B, C2C and C2D). (D) Three adaptors of PM–actin contact at PD. 
NET1A targets to the PD membrane and associates with actin through a novel actin-binding (NAB) domain. Rice remorin protein GSD1 locates at the PD membrane 
and directly interacts with actin via its coiled-coil domain. Formin2 is distributed at the PD membrane through its transmembrane domains (TMD), and it also 
catalyzes the nucleation of actin monomers via C-terminal formin homology 1 and 2 domains (FH1 and FH2 domains). (E) Callose synthases (CalSs), PD-located 
protein (PDLP), callose binding protein 1 (PDCB1), and β-1,3 glucanase 2 (PDBG2) probably connect PM and cell wall. Callose is synthesized by CalSs and 
degraded by PDBGs. CalSs are transmembrane proteins, and PDBG2 is a membrane-anchored apoplastic enzyme. PDCB1 embeds in the extracellular leaflet of the PM 
via the GPI motif and regulate callose accumulation. PDLPs, membrane-associated proteins, modulate the callose level at PD. (F) In early stage of virus infection, virus 
movement protein (MP) recruits SYT1 to PD, facilitating virus movement. (G) Virus movement requires myosins as a motor to coordinate actin bundles for virus 
trafficking through PD. (H) PD localized BG is crucial for Turnip vein clearing virus infection by degrading callose. CalS genes can be silenced during Potato spindle tuber 
viroid replication. 
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trafficking, membrane exchange, and inter-organellar communication 
has been well characterized in animals and yeast [23], and is also 
emerging in plants [28]. Notably, many tethering proteins that localize 
to ER–PM contact sites regulate PD architecture and function [23,27,41, 
42]. In most PD, the desmotubule is a tightly furled tube in which the ER 
membranes are constricted [34]. Thus, it is reasonable to predict that 
desmotubule formation requires an induction of extreme membrane 
curvature. Reticulons are important for tubulation of the ER [43–47]. 
During cell plate formation, the reticulons, RTNLB3 and RTNLB6 asso-
ciate with the desmotubule of primary PD where they are involved in 
remodeling of the cortical ER into desmotubules [34]. 
Using these two recticulons as baits, many PD-located proteins have 
been identified [48], including the well-known PD-regulatory proteins 
synaptotagmin A (SYTA/SYT1) [49], Remorin1.2 and 1.3 [50,51]. SYT1 
is recognized as a tethering factor in ER–PM contacts that is essential in 
the formation of ER–PM junctions [49,52,53]. SYT1 is particularly tar-
geted to the edges of ER sheets that are transformed into immobile ER 
tubules, but not to those of mobile tubules [54]. Deficiency in SYT1 
causes a reduction in the immobile tubules and an enlargement of the ER 
meshes, while producing large intracellular vesicles attached to the PM 
[54–56]. Recently, two additional tethering proteins, SYT5 and SYT7, 
were identified at ER–PM contact sites, that can interact with SYT1 [42, 
53]. The syt1,5,7 triple mutant displays ER detachment from the PM, 
weak constriction of the ER at the entrance of PD, and disruption of MP 
location [42], supporting the importance of ER–PM contact sites in PD 
formation (Fig. 1B). 
Other tethering factors, such as NETWORKED 3C (NET3C) and 
vesicle-associated membrane protein-associated protein 27 (VAP27− 1) 
are associated with the cytoskeleton and coordinate ER–PM contact site 
formation with the cytoskeleton [57]. In the dual presence of VAP27 and 
NET3C, the association between the ER and PM increases substantially, 
whereas the expression of VAP27− 1 alone does not induce ER–PM 
contacts [58]. However, the exact contributions of VAP27− 1 and 
NET3C in PD formation have not been directly investigated. In a search 
for additional ER–PM contact tethers, a PD proteome approach was 
utilized to collect the abundant proteins during the transition phase 
from type I to type II PD. Multiple C2 domains and transmembrane re-
gion proteins (MCTPs) were more abundant in type I PD with tight 
ER-PM contacts compared to type II PD with wider cytosolic sleeve, 
suggesting that MCTPs are most likely the filamentous proteins that 
connect ER and PM in the PD [41](Fig. 1C). PD-mediated molecular 
trafficking and the level of PD-associated proteins is substantially 
altered in Atmctp3/Atmctp4 double mutants [41]. 
Although tethering proteins are possibly responsible for the junctions 
between ER and PM, the ER–PM crosstalk at PD remains hypothetical. 
3. Actin–PM contacts modify PD permeability 
As a basic cytoskeleton component, actin is involved in cellular 
migration of organelles and dynamic movement of proteins [59–61]. 
Data based on pharmacological treatment show that destabilization or 
stabilization of actin filaments, respectively increases or decreases PD 
permeability [62,63]. Immunolocalization revealed the presence of 
actin along the entire length of PD [64,65], probably localizing in the 
cytosolic sleeve [17]. Several actin-associated proteins were shown to 
participate in the regulation of PD permeability [16,66,67]. However, it 
is questionable whether any cytoskeletal elements incorporate into 
cytosolic sleeve [33,68]. The PD pore is approximately 50 nm in 
diameter, and the desmotubule diameter is between 15–20 nm. Single 
actin fibers have a diameter of ~7 nm [69], and they usually constitute a 
double helix conformation of two strings of monomers, which is much 
larger than the supposed globular proteins (2.5–4.5 nm) which sur-
rounding the desmotubule [32,70,71]. It has been proposed that if actin 
filaments are arranged in a spiral manner around the desmotubule, they 
have to be arranged in an unusual conformation surrounding desmo-
tubule [33]. Thus, while the actin-directed cytoskeleton network is 
clearly important in the regulation of PD conductivity, it is unclear how 
actin filaments are organized within the cytosolic sleeve and how they 
behave as regulatory elements to contact the membranes. 
Animal cells employ a wide variety of adaptor proteins to connect 
actin and membranes, whereas plants do not have adaptors of this type. 
NETWORKED (NET) are likely the first adaptor proteins identified in 
actin–PM contact in plants [72]. NET proteins are plant-specific actin--
binding proteins which anchor the PM and associate with PD [72]. 
Although NET1A likely tethers actin and PM, no following study has 
been conducted on its genetic function in PD regulation (Fig. 1D). 
Notably, the NET family is only present in tracheophytes and is absent in 
mosses and more ancient plant species [72]. Thus, it is intriguing to 
consider whether actin–PM tethering proteins is an innovation during 
the evolution of vascular plants. 
FORMINs are another type of actin-binding protein [73–75], of 
which the FORMIN HOMOLOGY2 (FH2) domain is sufficient to catalyze 
the nucleation of actin monomers [76]. FORMINs with multiple domains 
can interact with various partners in remodeling of cytoskeletons, in 
determining organelle mobility, and in shaping cells [77]. In Arabidopsis, 
FORMINs are divided into two clades (I and II), containing respectively 
11 and 10 members [78]. Typical class I formins are transmembrane 
proteins that anchor cortical actin to the cell wall [79–81]. FORMIN2 is 
a PD-localized class I FORMIN, that restricts the PD permeability [66]. 
Therefore, FORMIN2 tethers actin filaments to the PM at PD and where 
they are stabilized by its barbed-end capping activity [66]. These results, 
indicate that actin filaments at PD form a physical barrier that blocks PD 
[82], which is consistent with the conclusion obtained from CMV-MP 
[62]. 
The membrane system is a mixture of liquid-ordered and liquid- 
disordered sub-resolution nanodomains [83]. These nanodomains are 
enriched with lipids to restrict the lateral segregation of proteins and 
lipids, which serve as platforms to modulate signal perception, speci-
ficity, and transduction [84]. Small changes in nanodomain organiza-
tion or lipid phase can induce rapid and large-scale alteration in 
signaling transduction on the PM [50,51]. The PM that lines PD contains 
similar lipid species as the neighboring PM, but in different proportions 
[13], implying a specific contribution of these lipid components to PD 
regulation. 
The REMORIN family is a type of well-characterized membrane 
nanodomain-resident proteins, which have been widely used as a 
paradigm to study nanodomain organization pattern [50,51,85]. Owing 
to the abundant membrane components at PD, REMORINs are also 
detectable at the PD membrane [50,51,86]. Upon virus infection or 
during plant defense against a virus, REMORINs aggregate, leading to 
the assembly of membrane nanodomains and an increase in the ordered 
lipid phase [50,51,87,88]. Overexpression of REMORINs significantly 
blocks virus movement through PD [50,51,88]. Notably, the rice 
REMORIN, GRAIN SETTING DEFECT1, interacts with actin through its 
coil-coil domain [67], indicating that REMORINs connect the PM and 
actin at PD (Fig. 1D). 
Actin filaments are closely associated with cortical ER tubules 
[89–91]. Removal of actin filaments destroys the ER network and its 
dynamic remodeling [92], suggesting a role of actin in the formation of 
ER network [89,90]. Additionally, ionic stress increases ER-PM con-
nectivity by promoting the expansion of SYT1-enriched ER-PM contact 
sites in an actin-cytoskeleton dependent manner [53]. As mentioned 
above, reticulons probably induce the tubulation of the ER and partic-
ipate in shaping the cortical ER into desmotubules [34]. Interestingly, in 
yeast cells the emergence of ER membrane curvature starts with an 
invagination that subsequently grows into a tubule [93]. Actin poly-
merization is associated with the emergence of membrane curvature and 
is necessary for tubule elongation [93]. Thus, the formation and main-
tenance of desmotubules are possibly actin-dependent. Additionally, the 
actin cytoskeleton is one of the most important factors that influence 
membrane organization [94] via stabilizing the liquid-ordered phase 
and preventing large-scale nanodomain separation [95]. Several studies 
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have proven that the actin cytoskeleton serves as a scaffold controlling 
lateral diffusion and dynamic movement of proteins at the PM [95–99]. 
The assembly of PM-associated proteins possibly depends on the inter-
action between actin and membrane adaptor proteins [100]. REMOR-
INs, crucial regulators of PD permeability, determine the organization of 
PM nanodomains and associate with actin filaments [50,51,67]. 
Therefore, it is possible that actin-REMORIN complexes tether the des-
motubule and PD-PM to establish an appropriate PD aperture and pre-
vent the collapse of the cytosolic sleeve. Once actin filaments are 
destroyed at PD, the stability of the ER-desmotubule network is possibly 
affected, and membrane nanodomains at PD are assembled into a less 
tightly packed liquid-disordered (Ld) phase, resulting in an increased PD 
size exclusion limit (Fig. 1D). 
Although the presence of actin at PD and its involvement in the 
regulation of PD conductivity has been demonstrated [62,63], the un-
derlying molecular mechanisms are largely unknown. The available 
evidences suggest that actin filaments may contribute to establishing the 
adhesion of PM and cell wall, thereby, influencing the surrounding en-
vironments of PD. The limited microscopic technologies do not yet allow 
visualizing actin dynamics at the PD because the filaments are small and 
buried deep within the cell wall. Therefore, the unraveling of how actin 
at PD regulates cell-to-cell communication depends greatly on the 
identification and characterization of native components of the actin 
cytoskeleton that specifically localize to PD. 
4. Cell wall–PM nexus maintain PD architecture 
Plant cells are encased by rigid cell walls that give shape to the 
protoplast within and protect the plant against environmental stress. 
The two types of PD have distinct origins, associated with cell wall ac-
tions. The primary PD, that occur as discrete and linear entities, origi-
nate during cytokinesis on the new cell plates where new cell wall 
materials are deposited, and the secondary PD, with branched and 
multiple channels, that entirely de novo established in post-cytokinetic 
cell walls [101–103]. Since the stiffness generated by the cell wall is 
much higher than the PM, we speculate that the rigidity of the cell wall 
determines the architecture of PD, from simple, to branched, to highly 
branched [101]. Moreover, many cell wall-related proteins found in the 
PD proteome are potentially involved in specifying PD–cell wall con-
nections [104]. Callose (β-1,3-glucan) deposited around the neck of the 
PD pore, physically constricts the PD aperture [105]. Callose is a cell 
wall component that is under control of callose synthases and degrading 
enzymes [103,106], and is often observed at PD in post-cytokinetic cell 
walls. Callose synthases are transmembrane proteins, and 
callose-degrading β-1,3-glucanases are membrane-anchored apoplastic 
enzymes [107–109]. Both types of enzymes associate with the PM, 
indicating the importance of PM–cell wall contacts in the formation of 
PD architecture. Visualization of the PD ultrastructure indicates possible 
spoke-like connections between the PD-PM and the cell wall at both the 
neck region of the PD and deeper within the wall [110]. Specific enzy-
matic digestion of cell wall components indicates that cellulose or pectin 
possibly stabilizes the PM–cell wall tethering spokes [110]. Notably, a 
pectin methylesterase, which catalyzes the demethylesterification of cell 
wall polygalacturonans and controls wall porosity and cell-cell adhe-
sion, is localized preferentially around PD [111]. During virus infection, 
pectin methylesterase specifically binds the viral MP and is required for 
virus movement via PD [112]. 
As described above, the PD aperture is fine-tuned by the level of 
deposited callose. β-1,3 glucanase 2 (PDBG2), which degrades callose, 
and callose binding protein 1 (PDCB1), which directly binds callose and 
promotes callose accumulation at the PD neck, both regulate PD- 
mediated symplastic transport [13,113]. PDCB1 localizes to the neck 
region of PD, potentially provide a structural anchor between PD-PM 
and the cell wall [113]. PDBG2 and PDCB1 are glyco-
sylphosphatidylinositol (GPI)-anchored proteins (GAPs), which attach 
to the extracellular leaflet of the PM via the GPI motif [107,113]. 
Cleavage of the GPI motif allows the diffusion of GAPs into the extra-
cellular matrix, and where they participate in the cross-linking of wall 
polysaccharides [114]. To date, an increasing number of GAPs are found 
to contribute to cell wall morphogenesis [115–118]. Notably, the 
GPI-anchor motif also specifically recognizes PD components and serves 
as a primary sorting signal of GAPs, such as PDCB1 and PDBG2, to PD 
[119]. Therefore, GAPs are likely tethering proteins that connect PD and 
cell wall (Fig. 1E). 
Sterols and sphingolipids with very long-chain saturated fatty acids 
are enriched in membranes around PD, and this unique membrane 
system can recruit cell wall remodeling enzymes, generating a PM–cell 
wall connection at PD [13]. For example, PD-located proteins (PDLPs) 
are membrane-associated proteins, which target to PD [120]. During 
eukaryotic filamentous pathogen Hyaloperonospora arabidopsidis infec-
tion, pdlp1,2,3 mutants fail to accumulate callose at the haustoria, which 
are specialized feeding structures enabling exchange of nutrients and 
effectors between the host and pathogen. In contrast, overexpression of 
PDLP1 elevates callose deposition around the haustoria and enhance 
plant resistance to pathogen [121]. These observations suggest that 
PDLPs induce callose deposition at PD near the infection site via a 
similar mechanism. PDLP5 directly binds to the phytosphinganine 
(t18:0)-type of membrane-sphingolipid species with high affinity and 
modulates the callose level at PD, although the exact reason is unknown 
[122,123]. The ability of PDLP5 to directly bind PM components and 
alter callose deposition at PD opens the possibility that PDLP5 is a 
tethering factor in the cell wall–PM connection (Fig. 1E). Therefore, an 
understanding of how these adaptors mediate cell wall–PD interaction 
will allow further insight into the regulation and architecture formation 
of PD. 
5. Plasmodesmal tethering elements are crucial for plant 
defense to virus attack 
As channels that connect cells, PD are crucial for the local and sys-
temic spread of signals in a cell-to-cell manner, as well as transportation 
of virus particles among plant cells [124]. Most RNA virus exhibit 
cytoplasmic infection cycles and replicate on the surface of various cell 
membranes, in which membrane contact sites provide an ideal location 
for the formation of viral replication complex and PD targeting [124]. 
During virus infection, the movement proteins (MPs) of the virus asso-
ciate with PD where they interact with PD-associated proteins (such as 
remorin), and manipulate the size exclusion limit of PD [86,125]. The 
dilation of PD facilitates the symplastic spreading of RNA virus genomes. 
Even though the structure of MPs of different viruses is variable, their 
functions remain similar [126]. MPs associate with the cytosolic face of 
the ER membrane [127], target to microtubule–ER junctions [128], and 
recruit ER membranes to microtubules [129]. In addition to association 
with the ER, the MPs of Cucumber mosaic virus (CMV) target to PD where 
they sever F-actin and inhibit actin polymerization [62]. Thus, virus 
movement between adjacent cells requires participation of the ER–actin 
network. In addition to CMV MPs, the MPs of many other viruses target 
to PD through an ER–actin cytoskeleton network, such as Tobacco mosaic 
virus MP [92,130], Potato leafroll virus 17-kD MP [131], and Oilseed rape 
mosaic virus MP [132]. Interestingly, plasmodesmal tethering elements 
play a potential role in maintenance of PD architecture, facilitating virus 
trafficking. For example, SYT1 is recruited by MP to PD early in virus 
infection where SYT1 is dramatically accumulated and the cortical ER is 
subsequently remodeled to form viral replication site at PD [49]. Thus, 
SYT1 is necessary for the accumulation of MP at PD, and SYT1 and MP 
form a feedback regulatory loop for virus movement through PD [49, 
133]. SYT1 also collaborates with SYT5 and SYT7 for the cell-to-cell 
movement of Youcai mosaic virus (YoMV) MPs [42]. Besides, truncated 
forms of ER-PM localized SYT1 and SYT5 or truncations of the 
Golgi-associated SYTs can influence Turnip mosaic virus (TuMV) move-
ment [134] (Fig. 1F). Another ER-PM tethering protein, VAP27− 3, 
collaborates with plant oxysterol-binding protein related proteins 
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(ORPs) to induce membrane proliferation at the foci site of viral RNA 
synthesis [135]. 
Myosin represents a diverse category of cytoskeleton motors, which 
possess a motor domain associated with actin filaments and a tail 
domain involved in cargo binding [136,137]. Myosins, having close 
association with ER and actin, are considered as potential candidates to 
tether ER, PM and actin [19,138]. There are at least 35 myosin classes in 
nature, of which only classes VIII and XI are found in higher plants [139, 
140]. One member of the class VIII myosins (containing four members: 
ATM1, ATM2, myosin VIIIA, and myosin VIIIB), ATM1 is localized to 
PD, ER, and PM [141], while myosin XI is localized on the ER of tobacco 
BY-2 cells [142]. Deficiency in myosin XI-K induces an aberrant ER 
configuration and mobility, which causes a random orientation of actin 
filament bundles [143]. Therefore, myosin is responsible for organizing 
actin filament bundles and controls the dynamics of ER strands (Fig. 1G). 
Upon Beet yellows virus (BYV) infection, the Hsp70 homolog that func-
tions in virus assembly and cell-to-cell movement, is autonomously 
recruited to PD [144]. Ectopic expression of the tail domain of class VIII 
myosin inhibits the localization of the Hsp70 homolog at PD [145]. A 
putative MP of Rice stripe virus (RSV), NSvc4 protein, also uses myosin 
VIII-1 in virus trafficking to PD [146]. Deficiency in class VIII and XI 
myosins affects the dynamic behavior of the ER and thus leads to a delay 
in MP accumulation at PD [147]. A PD-localized receptor-like protein, 
PLASMODESMATA LOCATED PROTEIN1 (PDLP1) promotes the move-
ment of viruses by interacting with MPs within PD [148]. Notably, the 
distribution of PDLP1 to PD specifically requires class XI myosins, and 
inactivation of these myosins results in mislocalization of PDLP1 and 
MPs, and suppression of virus movement [149]. 
One of the cell wall components, callose is accumulated at the neck 
region of PD to limit PD opening upon abiotic and biotic stress 
[150–155]. Interestingly, to enhance virus trafficking, virus MPs may 
promote callose degradation and prevent callose synthesis to increase 
PD dilation. In the absence of Tobacco mosaic virus (TMV) MPs, TMV 
replication results in callose accumulation at the PD neck. By contrast, in 
the presence of TMV MPs, plasmodesmal callose level is reduced [154]. 
The fine-tuning in callose amounts by virus MPs suggests a regulatory 
function of callose synthase (CalS) and degrading enzyme (BG) during 
virus attack. Not surprisingly, AtBG2 is able to enhance virus spread by 
degrading callose at the PD [156]. In uninfected cells, AtBG2 is retained 
within ER; upon TMV infection, AtBG2 associates with the viral MPs in 
the ER-derived bodies; as the infection progressed, these ER bodies 
enlarge and connect with PD [156]. Apparently, the PD-associated BG is 
directly involved in regulation of callose at PD and cell-to-cell move-
ment of virus. Beside of BG enzymes, virus may utilize another approach 
to decrease callose level by suppression of callose synthases’ activity 
(review in [105]) (Fig. 1H). 
Collectively, emerging evidences illustrate the great importance of 
PD tethering elements for virus spread through PD. Single virus may 
apply multiple approaches to modify PD architecture or permeability by 
utilization of different PD tethering elements. Questions remaining to be 
addressed are related to the mechanism by which MPs regulate the 
trafficking capacity of PD for virus movement and how these PD teth-
ering elements are involved in this process. 
6. PD structuring requires the coordination of member tethers 
as well as the signaling network away from PD 
PD permeability and architecture formation are regulated by a va-
riety of cellular compartments and the tethering proteins that associate 
with PD membrane. The membrane lipid environment of the PD pores 
which contains an enrichment of sphingolipids and a higher ratio of 
sterols to glycerolipids, is distinct from that of the bulk PM [13]. Several 
recent studies have highlighted an importance of membrane lipid 
compositions for the regulation of PD permeability [122,157–159]. 
Mutation of a sphingolipids biosynthesis component, a putative enzyme 
phloem unloading modulator (PLM), results in defective ER-PM tethers 
and a consequently enhanced PD conductivity [158]. Recent techno-
logical advances have developed a computational pipeline to detect PD 
distribution and clustering pattern in a quantitative manner [160]. 
Interestingly, the plm mutant interferes with the clustering of PD, and 
causes a thicker cell wall around PD [160]. As PLM-regulated sphingo-
lipids are enriched at the PD membrane and are also cross-linked with 
pectins in the cell walls, PLM is involved in both processes of ER-PM 
tethers formation within PD and cell wall regulation surrounding PD. 
Other membrane tethering proteins also manipulate PD structure and its 
surrounding components. Remorin proteins tightly engage with local 
lipid nanodomains [161], essential for ordered lipid structure at the PD. 
On one hand, over-accumulated remorin proteins promote higher or-
dered lipid structure, which decreases PD plasticity [159]. On the other 
hand, remorins restrict virus movement through PD by competitively 
binding actin filaments with a virus-interacting protein [162]. There-
fore, PD membrane serves as a platform, incorporated with different 
kinds of lipid molecules and membrane-associated proteins to facilitate 
signaling transduction in a collaborative manner, resulting in the cur-
rent structures of PD. 
We have summarized the importance of PD tethering elements for PD 
structuring and functionality. Whereas, accumulating evidence shows 
that non-related signals, such as hydrogen peroxide and oxidative stress, 
also influence PD architecture. At elevated ROS levels, ise1 (increased 
size exclusion limit1), ise2, and gat1 (GFP-arrested trafficking1) mutants 
display severe defects in PD structure, with more branched PD 
[163–165]. This observation suggests that ISE1, ISE2, and GAT1 pro-
teins are functionally crucial in the formation of PD structure. However, 
ISE1 is localized in the mitochondria while ISE2 and GAT1 are in the 
chloroplasts [163,165,166]. None of them are associated with PD, 
indicating that these proteins are not locally nor directly involved in PD 
formation. The pleiotropic effects of ROS stress in the cell, affecting actin 
polymerization, cytoskeleton organization, protein movement, and 
membrane assembly, make it difficult to judge whether the changes in 
behavior at PD are directly or indirectly caused by ROS. A recent study 
additionally illustrates that rapamycin (TOR)-glucose metabolic 
signaling network coordinates redistribution of carbohydrate transport 
from sink to source via a PD-dependent pathway [167]. TOR is a protein 
kinase that is activated by nutrients, which is a housekeeper gene in 
cytoplasm and nucleus to coordinate plant development and metabolism 
[168]. The activation of glucose-TOR signaling restricts PD transport, 
whereas the direct regulatory mechanism of TOR kinase on PD perme-
ability is unknown [167]. 
Overall, PD mediated cell-to-cell communication in plant is a 
complicated system, which may require well-orchestrated crosstalk be-
tween proteins, lipid compositions and signal molecules located within 
or away from PD-associated components. 
7. Conclusions and future perspectives 
Plasmodesmata-mediated symplastic transport is a unique cell-to- 
cell communication pathway in plants and is essential in plant devel-
opment and for coping with environmental stress. Although the PD 
structure was described decades ago, many open questions remain 
regarding the architecture formation of different PD morphotypes, and 
the regulatory mechanisms of PD conductivity. In recent years, rapidly 
developing microscopy technologies, such as novel electron tomography 
approaches, have helped obtainin sights in this mysterious nano-sized 
area. We are just starting to identify and characterize the PD-localized 
proteins that tether the ER and the PM, which may help uncovering 
the origin of PD. Cytoskeleton networks, especially actin dynamics and 
the actin–myosin network at PD, have been widely investigated during 
virus trafficking. The actin–PM contacts at PD are most likely required in 
the adjustment of the size exclusion limit of cytosolic sleeves and 
therefore in the control of PD conductivity, via a process that remains 
poorly understood. The cell wall is unique in plant cells and might be 
one of the major reasons that a specific plant cell-to-cell communication 
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system evolved. To date, many tethering proteins that are localized in 
the interactive contact sites of subcellular compartments at PD have 
been characterized. In addition, as a result of great efforts to understand 
the relationship between PD conductivity and plant development, a 
series of mobile proteins have been described that move via PD. 
Although these advances increase knowledge of the plasticity of PD 
regulation and the complicated formation of PD structure, much remains 
unknown about how these processes occur. For example, very little is 
known about the unique signaling and metabolism that occur at the PD. 
In addition, several PD-associated proteins involved in PD regulation are 
directly or indirectly related to callose homeostasis, and therefore, it is 
necessary to clarify their specific contributions to the different compo-
sitions of PD. New questions are also generated: How does the cell wall 
participate in the differentiation of secondary PD? What is the functional 
difference, if any, between primary and secondary PD? 
The investigation of adaptor proteins that tether PD components has 
only begun but can help to answer such questions. In the future, their 
functions at different stages of PD development need to be specified and 
their contributions in specific cell types need to be clarified. The PD 
membrane contains a variety of associated proteins for downstream 
signaling events. On the basis of speculation that membrane nano-
domains serve as signaling hubs, the nanodomain-associated remorin or 
tetraspanin webs [169] may act as new adaptors, facilitating further 
understanding of specific signaling transduction that occurs at PD. 
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